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0022-2836 © 2012 Elsevier Ltd. Open accCilia are organelles found on most eukaryotic cells, where they serve
important functions in motility, sensory reception, and signaling. Recent
advances in electron tomography have facilitated a number of ultrastruc-
tural studies of ciliary components that have signiﬁcantly improved our
knowledge of cilium architecture. These studies have produced nanometer‐
resolution structures of axonemal dynein complexes, microtubule doublets
and triplets, basal bodies, radial spokes, and nexin complexes. In addition to
these electron tomography studies, several recently published crystal
structures provide insights into the architecture and mechanism of dynein
as well as the centriolar protein SAS-6, important for establishing the 9-fold
symmetry of centrioles. Ciliary assembly requires intraﬂagellar transport
(IFT), a process that moves macromolecules between the tip of the cilium
and the cell body. IFT relies on a large 20-subunit protein complex that is
thought to mediate the contacts between ciliary motor and cargo proteins.
Structural investigations of IFT complexes are starting to emerge, including
the ﬁrst three‐dimensional models of IFT material in situ, revealing how IFT
particles organize into larger train-like arrays, and the high-resolution
structure of the IFT25/27 subcomplex. In this review, we cover recent
advances in the structural and mechanistic understanding of ciliary
components and IFT complexes.© 2012 Elsevier Ltd. Open access under CC BY-NC-ND license.Introduction
The presence of specialized organelles for spe-
ciﬁc cellular functions is one of the hallmarks ofdresses:
biochem.mpg.de.
ensional; 3D, three‐
erence contrast; DRC,
ctron microscopy; ET,
nein arm; IFT,
bule; MTBD,
outer dynein arm; RS,
ein.
ess under CC BY-NC-ND liceneukaryotic cells. One of these organelles is the
cilium/ﬂagellum (interchangeable terms), a mem-
brane-surrounded cellular extension found on
many types of eukaryotic cells, with the notable
exceptions of fungi and higher plants. Cilia
function in a wide variety of biological processes,
including motility, sensory reception, and sig-
naling.1 The basic design of the cilium is con-
served throughout evolution and consists of a
microtubule (MT)-based internal structure (the
axoneme), which grows from a modiﬁed centriole
(the basal body), and an overlying ciliary mem-
brane (Fig. 1). The MTs of the axoneme are highly
organized, with the two most common axoneme
architectures being ‘9+ 2’ (9 peripheral MTse.
164 Review: Structural Studies of Ciliary Componentsdoublets and 2 single central MTs) and ‘9+0’ (only
9 peripheral MT doublets).
The 9+2 and 9+0 MT patterns are usually found
in motile and immotile cilia, respectively, although
there are exceptions to this rule, such as the motile
9+0 cilia in the mouse embryonic node3 and the
non-motile 9+2 kinocilia of ﬁsh.4 A better indicator
for motile cilia is the presence of additional
axonemal structures required for motility, such as
axonemal dyneins. Motile cilia carry out a number
of functions, including the movement of protists
towards environmental cues (e.g., light or nutrients),
the locomotion of sperm cells towards the egg, the
directed movement of extracellular material (e.g.,
the removal of mucus from the respiratory tract by
multi-ciliated cells), and sensory reception.5 Immo-
tile cilia function primarily as cellular sensors of the
extracellular environment and can detect mechani-
cal forces (e.g., ﬂuid ﬂow in kidney tubules),
signaling molecules (e.g., hedgehog ligands and
growth factors), chemical compounds (e.g., olfacto-
ry molecules), or physical cues (e.g., light on the
retina).6
Almost all types of cilia are assembled by a
highly conserved transport pathway called intra-
ﬂagellar transport (IFT), the bidirectional move-
ment of proteinaceous particles from the base to
the tip of the cilium (anterograde transport) and
from the tip back to the base (retrograde
transport).7,8 This transport was ﬁrst discovered
by Kozminski et al.9 and is carried out by the
kinesin 210–12 and cytoplasmic dynein 2/1b (also
known as IFT dynein) motors,13–16 which provide
the force for movement along the MTs of the
axoneme. This transport is mediated by IFT
complexes, which consist of at least 20 different
proteins and are believed to act as adaptors
between the motors and cargoes.10 Interest in
ciliary research increased dramatically when it was
shown that the perturbation of ciliary assembly by
mutating IFT components can cause polycystic
kidney disease.17 Since this landmark publication,
several groups have identiﬁed ciliary defects (both
in ciliary assembly and in ciliary motility) as the
underlying cause for a growing number of human
genetic diseases, which are now commonly re-
ferred to as ‘ciliopathies’.18–23
Early structural studies of cilia were primarily
carried out using conventional transmission electron
microscopy, yielding two‐dimensional (2D) pro-
jections of cilia architecture. However, to under-
stand how the components of this sophisticated
machinery work together to produce the coordinat-
ed ciliary beat, it became necessary to visualize how
axonemal structures are positioned relative to each
other in three dimensions. Recent advances in
electron tomography (ET)24 have enabled re-
searchers to characterize the three‐dimensional
(3D) architecture of axonemal structures in situfrom cryo-preserved ﬂagella of Chlamydomonas
reinhardtii and sea urchin sperm (see Table 1). In
addition, the ﬁrst 3D view of IFT particles in situwas
recently acquired by ET of plastic-embedded
ﬂagella.38 Other structural biology methods, such
as X-ray crystallography and nuclear magnetic
resonance (NMR) have also begun to contribute
important high-resolution information for reconsti-
tuted complexes. In this review, we summarize
recent structural studies on cilia and IFT that
provide novel insights into the overall organization
of MT-associated structures of the axoneme, the
structure of IFT particles, and the molecular basis for
the 9-fold symmetry of basal bodies.
Visualizing Cilia by Electron Microscopy
Although cilia were discovered on protists soon
after the development of the light microscope,39
their internal structure remained invisible to re-
searchers until important advances in electron
microscopy (EM) in the middle of the 20th century.
Since then, a large number of studies have focused
on deﬁning the exact axoneme structure as well as
the distinct regions of cilia such as the transition
zone, the basal body, and the ciliary tip (extensively
discussed in a recent review, see Ref. 2). EM studies
in the early 1950s revealed ‘ﬁbrils’ with a 9+2
arrangement in axonemes of different ciliated cell
types.40–42 Fawcett and Porter also drew attention to
the fact that the diameter of the central ﬁbrils was
different from that of the peripheral ﬁbrils (MT
singlets versus doublets). A later study identiﬁed
these ﬁbrils as MTs,43 with similar properties to the
‘ﬁbrils’ of the mitotic apparatus. The two adjacent
MTs in the peripheral doublets (the A- and B-
tubules) and the associated dynein arms and radial
spokes (RSs) (see Fig. 1) were detailed in separate
studies.44,45 It was shown that glycerol-extracted
cilia from Polytoma uvella become motile upon ATP
treatment,46 and elegant work by Gibbons subse-
quently revealed that the ATPase activity of
axonemes resides in the ‘dynein arms’.47 Removal
of these structures resulted in axoneme immotility,
and in a convincing demonstration, both ATPase
activity and axonemal beating were restored after
adding back the extracted dynein arms to the
axoneme.47 Furthermore, the fractionation of outer
dynein arms (ODAs) revealed 14S and 30S com-
plexes with similar ATPase activity but distinct
structures corresponding to monomeric and multi-
meric ODAs, respectively.48 It was later shown that
axoneme motility is achieved by dynein-mediated
sliding of adjacent MT doublets relative to each
other.49,50 The activities of individual dyneins along
the length of the cilium, as well as around its
circumference, need to be regulated in order to
move in a controlled fashion. Work from several
groups has shown that additional axonemal
Table 1. Summary of the recent structural studies of ﬂagellar components using cryo‐ET
Organism Strain(s) Missing component(s) Focus
Resolution
(Å) Reference
Sea urchin wt — Axonemal arrangement 58 Nicastro et al.25
C. reinhardtii
Sea urchin
wt — ODAs/IDAs, MT inner
proteins (MIPs)
~40 Nicastro et al.26
pf9-3 I1 inner arm complex
wt —
C. reinhardtii wt — ODAs 45 Ishikawa et al.27
oda11 ODAα
oda4-s7 ODAβ (head)
C. reinhardtii wt — IDAs 41 Bui et al.28
oda1 ODA 38
ida1 Dynein f
ida2–6 Dynein f (β)
ida4 Dynein a, c, d
ida5 Dynein a, c, d, e
ida9 Dynein c
pf2 Dynein b(−), e(−), DRC (partial)
pf3 Dynein e, DRC3/4/5/6/7
sup-pf3 DRC3(−)/4(−)/5/6/7(−),
dynein e(−)
C. reinhardtii wt — IDAs, outer arm docking
complex, asymmetrical
arrangement
of axonemal components
41 Bui et al.29
oda4, 4-s7, 1, 11 ODAβ, ODA, ODAα
pf3 Dynein e, DRC3/4/5/6/7
oda1 ODA, DC
ida4 Dynein a, c, d
C. reinhardtii wt — DRC, nexin 40 Heuser et al.30
p-wt (PF2-GFP) — 33
sup-pf4 DRC5/6 38
sup-pf3 DRC3(−)/4(−)/5/6/7(−),
dynein e(−)
37
pf2–4 DRC1/2/3(−)/5/6/7(−),
RSP13d, dynein e
39
pf3 DRC3/4/5/6/7 38
C. reinhardtii wt — ODA/IDA
conformational change
39 Movassagh et al.31
C. reinhardtii p-wt (PF2-GFP) — MIPs 34 Nicastro et al.32
p-wt (PF2-GFP) — 34
p-wt (PF2-GFP) — 39
pf3 Dynein e, DRC3/4/5/6/7 33
ida6 Dynein e
4d6 CaM-IP2(−)
Sea urchin wt — 36
Isolated
doublet
— 38
C. reinhardtii wt — RSs 39 Pigino et al.33
pf1 RSP1/4/6/9/10
pf24 RSP1-23
pf14 RSP1/2/4/6/9/10/16/23(−)
ida4 Dynein a, c, d
T. thermophila wt —
C. reinhardtii wt — Basal body triplet 33 Li et al.34
C. reinhardtii wt — RSs 39 Barber et al.35
p-wt (PF2-GFP) — 33
pf17 RSP1/4/6/9/10 40
Sea urchin wt — RSs 36 Lin et al.36
T. thermophila wt —
C. reinhardtii wt — MIPs 34 Pigino et al.37
T. thermophila wt — 42
Sea urchin wt — 43
C. reinhardtii wt/pWT — dynein f 39/31 Heuser et al, 2012; in press
bop5-1 Intermediate chain/light
chain complex (ICLC) (−)
38
bop5-2 ICLC (−) 38
pf9-3 dynein f, ICLC tether head 35
(−), reduced amounts of the protein are expressed.
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regulatory complex (DRC), and RSs, play critical
roles in this regulation (reviewed in Ref. 51).
These early EM studies, as important as they were
in the initial structural characterization of cilia, were
technically limited primarily by the need for
chemical ﬁxation methods that limit resolution and
can distort the structures of the macromolecules
under investigation. Current EM studies have
beneﬁted from advances in sample preparation,
such as the freezing techniques that preserve the
sample in a near-native state (see chapter by
Nicastro in Ref. 52). Additionally, modern high-
voltage electron microscopes equipped with ﬁeld-
emission guns allow electron beams to penetrate
thicker specimens encountered during ET (e.g.,
axonemes and basal bodies), where sample thick-
ness increases at the high tilt angles required for 3D
reconstructions. Electron microscopes used for the
acquisition of such tilt series are equipped with an
energy ﬁlter that removes noise caused by inelastic
electron scattering. Furthermore, high‐sensitivity
recording devices such as CCD and direct detection
cameras have helped in the retention of the high-
resolution information. Together with signiﬁcant
improvements in automatic data collection and
processing,24 these advances have resulted in
numerous high‐quality 3D reconstructions of ciliary
structures by ET (summarized in Table 1), including
MT doublets and triplets, dynein and RS complexes,
and IFT particles.
General Structural Organization of Cilia:
The MT Backbone
MT ﬁlaments are an integral component of the
cellular cytoskeleton and play key roles in a number
of processes, including intracellular transport, cell
motility, and cell division. Therefore, much effort has
gone into understanding MT structure (for a
comprehensive review on cryo-EM of tubulin and
MTs, see Ref. 53).MTs are dynamically built in cycles
of polymerization and depolymerization from αβ-
tubulin heterodimers, forming a repetitive helical
tube-like structure most commonly containing 13
protoﬁlaments.54 The ﬁrst structures of αβ-tubulin
that allowed the polypeptide chains to be traced
(3.5 Å resolution) were obtained by electron crystal-
lography on zinc-induced 2D crystals.55,56 These
structures revealed the overall architecture of αβ-
tubulin heterodimers as well as the binding sites for
guanine nucleotides and theMT stabilizing chemical
taxol.57 Subsequent X-ray crystallographic analysis
of αβ-tubulin bound to the dimer-sequestering
protein RB3-SLD (also at 3.5 Å resolution) showed
a curved conformation of the tubulin heterodimer
incompatible with incorporation into MT ﬁla-
ments.58,59 For studying the structure of assembledMTs, helical reconstruction techniques as well as
methods based on a combination of single‐particle
reconstruction and crystallography have been very
successful in producing high‐quality maps. 53
Around the same time that the molecular structure
of tubulin was determined, cryo-EMmaps of MTs at
~20 Å resolution became available, which was
sufﬁcient to assemble a pseudo-atomic MT
model.60 Subsequent studies have improved the
resolution of the MT reconstructions to about 8 Å,
which allows for accurate ﬁtting of atomic coordi-
nates, providing molecular models that reveal the
intermolecular interactions between tubulins (and
various bound factors) in polymerized MTs.61–63
However, MTs in cilia exist not only as single
ﬁlaments but also as doublets (A‐ and B-tubules) and
triplets (A‐, B‐, and C-tubules, see Fig. 1). Early EM
analysis of isolated C. reinhardtii ﬂagella revealed
that the A-tubule is a complete MT containing 13
protoﬁlaments, whereas the B-tubule is incomplete
and contains only 10 protoﬁlaments.64,65 More
recently, cryo-ET has provided 3D reconstructions
of MT doublets32,66 and triplets,34 conﬁrming that
both B- and C-tubules contain 10 protoﬁlaments
(discussed in the following sections).
General Structural Organization of Cilia:
Basal Bodies and their 9-Fold Symmetry
Centrioles are large macromolecular structures
that serve a number of important cellular functions
involving the organization of MTs.67 During cell
division, centrioles recruit pericentriolar material to
form centrosomes, which facilitate assembly of the
bipolar spindle, required for accurate segregation of
chromosomes to the daughter cells. 67 During
interphase, centrioles migrate to the cell periphery
and anchor underneath the plasma membrane,
where they are referred to as basal bodies and
serve as a template for cilia formation. Here, the
basal body is a nucleation point for MT doublets that
grow out of the cell body underneath an extension of
the membrane to form a hairlike projection known
as the cilium (Fig. 1). In a recent cryo-ET study, the
structure of puriﬁed C. reinhardtii basal bodies was
determined by subtomogram averaging, resulting in
a high‐quality map of MT triplets at 3.3 nm
resolution.34 This cryo-ET structure enabled visual-
ization of individual protoﬁlaments and docking of
αβ-tubulin into the map, thus providing an atomic
model for MT triplets.34 Once the MT portion of the
electron tomogram was accounted for, signiﬁcant
densities remained, primarily towards the center of
the basal body ring. These densities included a long
tail projecting from the C-tubule and, most promi-
nently, a large (estimated molecular mass of
1.1 MDa) Y-shaped structure linking the A- and B-
tubules.34 Although this Y-shaped density could
Fig. 1. Simpliﬁed representations of a cilium and various axonemal structures. (a) Longitudinal section through a
motile cilium. The various regions of the cilium are indicated on the left (for detailed information on these regions, the
reader is referred to a recent review by Fisch and Dupuis-Williams2). The A and B MTs of the basal body triplets are
extended to form the outer doublets of the axoneme. Motility-related axonemal structures are attached to the A-tubule.
IFT particles move between the B-tubule and the overlying ciliary membrane. A long anterograde IFT train (moving
towards the ciliary tip) is shown on the left; a short retrograde IFT train (moving back to the base) is shown on the right.
These two types of trains differ not only in their overall length but also in the length of their repeating units. Triangles
marked with B and C indicate the planes of cross sections shown in (b) and (c), respectively. The dashed black rectangle
indicates the region shown in detail in (d). (b) Cross section through the proximal part of the basal body. The MTs in the
triplets are designated as A, B, and C, with the A-tubule being closest to the center. The ‘cartwheel’ structure can be found
within the ring of triplets and connects to the A-tubules. (c) Cross section through the doublet zone of the ciliary axoneme.
Nine MT doublets form a ring that is connected to the central pair complex by RSs. Outer dynein arms (ODAs) and inner
dynein arms (IDAs) extend from the A-tubule towards the B-tubule of the adjacent doublet. Two IFT trains are shown,
moving between the B-tubule and the overlying ciliary membrane. (d) Schematic illustration of data from ET on the
structure of the 96‐nm axonemal repeat. ODAs, represented by the three dynein heavy chains (α, β, γ), are shown as red
circles. IDA heavy chains are shown as green circles and the IDA intermediate and light chains (IDA IC/LC) are shown as
a green oval. The gray oval indicates the location of the nexin/dynein regulatory complex (N-DRC). Two RSs (RS1 and
RS2) are represented in purple and extend towards the central pair complex. An additional ‘stump’ (RS3 ‘stump’), as
observed in C. reinhardtii ﬂagella, is also indicated as a short purple structure. (e) View of the structure shown in (d) from
distal to proximal. Colors and shapes of the various structures are the same as in (d). (f) The RS consists of three distinct
regions (head, stalk, and neck). The RS proteins (RSPs) found in each region are indicated.
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168 Review: Structural Studies of Ciliary Componentshave a role in stabilizing the A- and B-tubules, its
exact function in the basal body is currently
unknown.
Basal body biogenesis is an intricate process and
C. reinhardtii basal bodies contain about 50 different
proteins in addition to tubulins.68 Early biogenesis is
known to rely on the formation of a cartwheel
structure (see Fig. 1b), which is an important
determinant of the basal body's 9-fold symmetry.69
The 3D structure by Li et al. did not reveal anything
about the cartwheel as this complex was presum-
ably lost during the puriﬁcation.34 However, recent
structural analyses of the centriolar protein SAS-6
have provided novel insights into the molecular
basis of the basal body's 9-fold symmetry.70,71 The
depletion of SAS-6 has previously been shown to
result in centrioles with an aberrant number of MTs
in C. reinhardtii,72 Drosophila,73 and Paramecium.73 In
C. reinhardtii, the null mutant for SAS-6 is known asFig. 2. SAS-6 crystal structures: molecular basis for the 9-fo
the domain organization of SAS-6. The protein contains an N-te
terminal region that is not well conserved in sequence. (b) Crys
C. reinhardtii. Each monomer is shown in a different color an
labeled and shown in black stick representation. (c) Crystal st
reinhardtii [compared to (b)] containing part of the central coile
interface mediated by the coiled coil. (d) Model for 9-fold sym
dimer structures shown within the dashed rectangles of (b) and
of SAS-6 dimers. Such an arrangement likely provides a mol
structures shown in this ﬁgure were determined from C. reinhbld12 (bald cells), as 90% of the cells are not
ﬂagellated.72 Two independent studies have now
revealed the atomic structure of different truncated
SAS-6 constructs.70,71 SAS-6 contains an N-terminal
head domain, a central coiled-coil region, and a non-
conserved C-terminal region (Fig. 2a). Crystal
structures were determined for the N-terminal
head domain of SAS-6 from Danio rerio,70 Caenor-
habditis elegans, and C. reinhardtii71 (Fig. 2b). The
structures show that two head domains interact via
the insertion of a hydrophobic residue (Ile or Phe
depending on the organism) from one monomer
into a hydrophobic pocket of the neighboring
monomer (Fig. 2b). Although this interaction is
rather weak (Kd~60–110 μΜ), it is biologically
signiﬁcant as mutation of the hydrophobic residue
prevents rescue following RNAi knockdown in C.
elegans71 and causes mislocalization of SAS-6 in
human cells.70 In addition to the structure of theld symmetry of centrioles. (a) Schematic representation of
rminal head domain, a central coiled-coil domain, and a C-
tal structure of the N-terminal head domain of SAS-6 from
d the phenylalanine (F145) crucial for dimer formation is
ructure of a longer N-terminal construct of SAS-6 from C.
d-coil domain. This structure shows a second dimerization
metrical multimerization of SAS-6. Modeling of the two
(c) results in a ring-like structure with exactly nine copies
ecular rationale for the 9-fold symmetry of centrioles. All
ardtii proteins.
Fig. 3. Dynein motor domain
crystal structure. (a) Crystal struc-
ture of the dynein motor domain
fromDictyostelium discoideum shown
in cartoon representation. The vari-
ous structural elements such as stalk,
strut, linker region, and AAA do-
mains are shown in different colors.
(b) Model for the dynein power
stroke (drawn based on Fig. 5 from
Kon et al.74). The large conformation
change in the linker region during
power stroke is indicated by dark
purple (pre-power stroke) and light
purple (post-power stroke) colors.
The AAA1–6 domains are labeled
1–6. MTBD, microtubule binding
domain.
169Review: Structural Studies of Ciliary ComponentsSAS-6 head domain, both research groups also
determined structures of longer constructs encom-
passing portions of the central coiled-coil domain.
These structures reveal an additional interaction via
dimerization of the coiled-coil helices from neigh-
boring monomers (Fig. 2c). This coiled-coil dimer
appears to be rather stable, with a Kd of 0.9 μM.
71
The two different structures (Fig. 2b and c) provide
important insights into how the 9-fold symmetry of
basal bodies could be established, as models taking
both structures into account result in ring‐shaped
assemblies most consistent with 9-fold symmetry
(Fig. 3d).70,71 Furthermore, both research groups
showed by EM that SAS-6 constructs containing
both head and coiled-coil domains indeed display
the propensity for ring formation in vitro, thus
corroborating the model. Although these structural
studies go a long way in explaining how SAS-6 self-
assembles to dictate the 9-fold symmetry of centri-
oles and basal bodies, other factors appear to be
required for faithful and stable formation of 9-fold
symmetric rings.70 Future studies will likely focus
on how additional proteins associate with SAS-6
during basal body biogenesis.
Periodical Arrangement (96 nm) of
Axonemal Complexes
Because of the repetitive nature of the MT
doublets, associated axonemal proteins often dis-
play repetition along the axoneme. A periodicity of
96 nm is found for many of the axonemal complexes
involved in ciliary motility75,76 with an exception of
asymmetric components as discussed below. This
feature is advantageous for structural studies of the
cilium as it facilitates averaging of cryo-ET re-
constructions by extracting subtomograms every
96 nm along a doublet MT. However, one caveat to
this method is that heterogeneous components notobeying the 96‐nm repeat structure will be missed in
the analyses. Nevertheless, this averaging technique
results in a substantial increase in signal-to-noise
ratio and, thus, resolution and have proven to be
very powerful in resolving the molecular organiza-
tion of axonemal dyneins, RSs, nexins, and other
cilia-related components, as discussed in the follow-
ing sections.Dynein
Dyneins are motor proteins responsible for MT-
based intracellular transport and the force genera-
tion required for motile cilia beating and wave
formation.77,78 Dynein complexes consist of heavy
chains containing six AAA+ (ATPases associated
with diverse cellular activities) domains, together
with several intermediate, light-intermediate, and
light chains. The dynein heavy chain contains the
actual motor domain responsible for force genera-
tion and MT binding, whereas the intermediate
and light chains regulate dynein activity and
mediate cargo binding. Currently, 54 polypeptides
have been identiﬁed as ﬂagellar dynein complex
components or as factors required for dynein
complex assembly and/or transport into the
ﬂagella of C. reinhardtii.79 Analyses of dynein
mutants have revealed that each dynein species
appears to play a speciﬁc role for the orchestrated
wave formation of motile cilia.77 Axonemal dy-
neins occupy the space between neighboring MT
doublets and are subcategorized into outer- and
inner-arm dyneins depending on their speciﬁc
locations (Fig. 1c–e).
ODAs are located at the outer periphery of the
cylindrical axoneme, and a total of four ODAs are
found within one 96‐nm repeat unit (Fig. 1d). ODAs
consist of two or three heavy chains (α, β, and γ
dyneins), each with a molecular mass of ~500 kDa,
170 Review: Structural Studies of Ciliary Componentsalong with several intermediate and light chains,
bringing the total molecular mass of ODA com-
plexes to ~2 MDa. Based on mutant studies and in
vitro motility assays using extracted ODAs, these
complexes have been suggested to control the speed
at which the axoneme bends to create motility
waves.77,80 Cryo-ET studies were performed on
axonemes from different organisms to map ODAs
along the 96‐nm axonemal unit and to understand
the geometry of their association (see Table 1). The
reconstructed tomograms showed stacked arrange-
ments of the dynein rings whose surfaces are
facing each other, with the axis of this stack
positioned perpendicular to the axis of the attached
A-tubule.25–27,81 Reconstructions of axonemes from
ODA mutants revealed the locations of individual
dynein heavy chains (Fig. 1d and e). Early cryo-ET
reconstructions at lower resolutions raised a ques-
tion about the exact orientation of the γ-dynein ring,
providing a possibility that the stalk of γ-dyneinmay
not extend to the adjacent B-tubule.27 However,
recent higher‐resolution data appear to verify that all
dynein rings are oriented in a way that enables them
to reach the B-tubule.31 In addition, the improved
resolution of the latter studies revealed an ordered
arrangement of ODAs as well as conformational
changes of heavy chains associated with their
various nucleotide states (see below).
Inner dynein arms (IDAs) are, as the name sug-
gests, located at the inner periphery of the doublet
MT (Fig. 1c). In C. reinhardtii, there are seven inner
arm dynein species, of which six (a, b, c, d, e, and g)
are monomeric and one (f) is dimeric. ET reconstruc-
tions using mutants lacking speciﬁc dynein chains
revealed the positions of IDAs along the A-tubule,
with f-dyneins closer to the surface of the A-tubule.28
Based on observations of the beating motion of
mutant ﬂagella lacking certain IDAs, these com-
plexes are thought to regulate wave formation and
curve propagation along the axoneme to produce a
ﬂagellar ‘swimming’ motion.82–84
Structural Studies of Dynein
Components
Given the large size of dynein heavy chains, they
have been extensively studied by EM.85–88 These
observations established that the dynein heavy
chains organize into rings of AAA+ domains,
extended by a linker and a tail at the N-terminus,
as well as a 15‐nm‐long stalk with a small globular
MT binding domain (MTBD) at its tip. Crystallo-
graphic analysis of dynein heavy chains has been
hampered by difﬁculties in recombinant protein
production, but recently, several crystal structures
of cytoplasmic dynein motor domains were
reported (see Fig. 3a).74,89–91 The ﬁrst structures of
dynein motors were determined at relatively modestresolutions (4.5–6 Å), revealing the overall architec-
ture of secondary‐structure elements but not the
exact register of amino acids.90,91 After improving
the resolution to about 3 Å, amino acid side chains
could be assigned and nucleotides bound to AAA1–
4 were localized. Both structures captured the post-
power stroke and revealed an asymmetric ring of
the AAA1–6 domains, of which only four bind
nucleotides, in agreement with previous biochemi-
cal studies.92 Furthermore, the linker traverses the
AAA ring and an α-helical ‘strut’ (or ‘buttress’)
emerges from the AAA5 domain to interact with the
stalk region (Fig. 3a). Structure-based mutagenesis
at the interface between the linker and the AAA ring
demonstrated that this interaction is key to motor
function (see Fig. 3b for model).74,89 Additionally,
mutations of the strut revealed that the strut–stalk
interaction observed in crystal structures is also
important for allosteric communication within the
dynein motor. The current data support a model in
which ATP hydrolysis results in a large conforma-
tional change communicated via the linker, strut,
and stalk to the MTBD at the tip of the stalk, thus
changing its afﬁnity for MTs (Fig. 3b). Further
insights could be gleaned from crystal structures of
pre-power stroke dynein and from ﬁtting the dynein
crystal structure into cryo-ET maps of dynein in
different nucleotide states.
Crystallographic studies have also been carried
out for several dynein light chains. In ODA
complexes, light chain 1 (LC1) associates with the
nucleotide-binding region of the γ heavy chain93
and adopts the fold of a leucine-rich repeat protein
with a pronounced hydrophobic patch that likely
mediates the interaction with the γ heavy chain.94,95
3D structures are also available for the dynein light
chain Tctex196,97 and LC8,98,99 showing that the two
proteins are homologues as they adopt very similar
homodimeric structures. Both LC8 and Tctex1 are
known to bind to dynein intermediate chain (IC),
and several structural studies have mapped the
binding site to a prominent groove that is conserved
between LC8 and Tctex1.96,100,101 Surprisingly, the
cargo-binding groove is identical to the IC-binding
groove, indicating that the binding to IC and cargo is
mutually exclusive100,101 (for a comprehensive
review, see the chapter by Williams et al. in Ref. 77).
RelatingDyneinConformational Changes
to Motility
Information about dynein conformations in dif-
ferent nucleotide states is required to understand
how ATP hydrolysis in dynein motor domains
relates to motility. In the case of axonemal dynein,
the previously mentioned 96‐nm subaveraging
technique was used to obtain cryo-ET reconstruc-
tions of axonemes both in the presence and in the
171Review: Structural Studies of Ciliary Componentsabsence of nucleotide.31 This study employed
statistical image analyses to examine the conforma-
tional changes of dynein during ATP hydrolysis and
the propagation of these conformational changes
along the axoneme. By comparing tomograms of
axonemes in the absence of nucleotide (apo) with
axonemes in the presence of ADP-vanadate (mim-
icking the ADP*Pi transition state) or ADP, two
distinct conformations of ODAs were observed.31
While dyneins in apo and with ADP displayed a
similar conformation (reﬂecting the post-power
stroke state), dyneins in the presence of ADP-
vanadate showed mixed populations of the apo
conformation and one additional conformation. This
likely represents dynein's nucleotide-dependent
conformational change and indicates, in agreement
with kinetic data,102 that force generation occurs
during the phosphate release step after ATP
hydrolysis. Notably, both of these ADP-vanadate
dynein conformations clustered along a single
doublet, suggesting a cooperative movement of
dynein that could explain the propagation of
axonemal wave patterns. The positional displace-
ment between the ODA AAA rings and the IDA c/e
AAA rings during force generation was measured to
be 8 nm towards the distal end of the ﬂagellum,
which is consistent with single‐molecule observa-
tions for cytoplasmic dynein.103 This is the ﬁrst
direct in situ observation of dynein's conformational
change relative to the MT and supports a model in
which dynein moves along the B-tubule by winch-
ing, using the stalk as a contact point.86,104,105
Cytoplasmic and IFT dyneins contain two copies of
the same heavy chain that form a homodimer. Unlike
the axonemal dyneins, which slide along the neigh-
boring MTs using the A-tubule as an anchor point,
cytoplasmic/IFT dyneins move processively along
MTs. The dynein heads must coordinate their actions
to achieve this processive movement. Furthermore, it
is critical that the energy from ATP hydrolysis in the
AAA+ head is transmitted along the ~15‐nm
distance to the stalk tip where dynein directly
interacts with MTs. Electron microscopic studies
have been performed on dynein in isolation87 as
well as on dyneins bound to MTs,87,106 but it is still
unclear how the conformational changes in themotor
domains translate into a processivemotility of dynein
along MTs.RSs and the DRC
RSs are T-shaped protein complexes that protrude
from doublet MTs towards the central MT pair
(see Fig. 1).107,108 At least 23 polypeptides have
been identiﬁed as components of the RSs and named
RS proteins (RSPs).109–114 Mutant studies of RSPs
have shown that they function together with the
central MT pair to regulate dynein activity and thatthe failure to assemble RSs causes ﬂagellar
paralysis.107,115 The stalk of the RS is anchored at
the A-tubule and its orthogonal head is located near
the central pair tubules. The interaction between the
central pair tubules and the orthogonal head is thus
believed to be key to the propagation of axonemal
movement, although the details of this mechanism
are not well understood.
Within the 96‐nm longitudinal repeat unit of
axonemes, either two RSs (e.g., C. reinhardtii; RS1
and RS2) or three RSs (e.g., Tetrahymena and sea
urchin; RS1, RS2, and RS3) are found with alternat-
ing periodicities of 32/64 nm or 32/24/40 nm,
respectively.75,116 However, recent cryo-ET studies
also identiﬁed an ‘RS3 stump’ in the 96‐nm
axonemal repeat of C. reinhardtii.33,35–37 Comparison
of proteins from wild‐type C. reinhardtii with those
from pf-24 (lacking the spoke) and pf-1 (lacking the
spoke head) mutants by 2D electrophoresis showed
that RSP1, RSP4, RSP6, RSP9, and RSP10 are parts of
the orthogonal head.109–111 Using these mutants,
cryo-ET reconstructions further enabled mapping of
the positions of RSPs within the RSs (Fig. 1f).33,35
Combining these data, the current view of the
organization of RSPs is illustrated in Fig. 1f. The
detailed cryo-ET structure revealed that the orthog-
onal head likely possesses 2-fold symmetry (i.e.,
contains a dimer), which led to the hypothesis that
the identiﬁed 12S units pre-assemble in the
cytoplasm117 and then undergo dimerization within
the ﬂagellum to become a mature RS (20S).33,118
Furthermore, mapping the RSPs into the RS struc-
ture revealed the locations of important components
for CP-IDA signal transduction, including calmod-
ulin (RSP20), HSP40 (RSP16), LC8 (RSP22), and
NDK (nucleoside diphosphate kinase) (RSP23).
These proteins are localized to the RS-neck, which
suggests that the neck/stalk may be responsible for
mechanochemical signal propagation, while the
orthogonal head may function as a simpler mechan-
ical anchor point. The functions of individual
components need to be further characterized within
the context of the fully assembled RS to compre-
hensively understand how IDA movement is
controlled through the central pair.
The nexin linker was ﬁrst identiﬁed by conven-
tional EM as a structure connecting two adjacent MT
doublets.47 Nexin has been suggested to be a source
of elasticity required for axonemal movement,119,120
as the corresponding density was seen to stretch
substantially upon MT doublet sliding.50,119 Nexin's
molecular identity remained enigmatic, as no pro-
teins corresponding to the nexin density could be
identiﬁed. The DRC was originally identiﬁed as a
crescent-shaped structure that spans a large area
between MT doublets.121–123 Both nexin and the
DRC are located at the RS2 of the 96‐nm repeat,
connecting to IDAs. The shared position of nexin
and the DRC suggested that these two structures
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cryo-ET reconstructions comparing C. reinhardtii
wild‐type and DRC mutants (pf-2/3 and sup-pf-3/4)
elegantly demonstrated that the mysterious nexin
linker density actually is a part of the DRC (referred
to as N-DRC).30 In an effort to characterize the
components of the N-DRC complex, proteomic
analysis of N-DRC mutants was used to identify
12 N-DRC proteins,124 of which only 7 had been
previously shown to be components of the
DRC.121,125 Future research will likely seek to
understand how these N-DRC proteins assemble
into a large macromolecular complex and how
N-DRC stabilizes the structure of the axoneme.Asymmetric Components on Axonemes
Although the axoneme is highly symmetric and
many axonemal complexes are found in 96‐nm
repeat units, several components are asymmetrical-
ly localized. While such components are missed
when global averaging is applied, they can be
locally classiﬁed into subgroups and compared by
using statistic-based averaging techniques or by
manually selecting target units via knowledge from
previous studies. Examples of asymmetry include
ODAs with multiple conformations (discussed
above), missing ODAs126 and IDA dynein c at
MT doublet 1,29 and missing IDA b/g at MT
doublets 1 and 9.29 Additional asymmetric densi-
ties are seen bridging adjacent MT doublets as well
as within the interior lumen of MT doublets.32
Furthermore, asymmetric structures project from
the C1 and C2 tubules of the central MT pair.127
However, with the exception of the central pair
apparatus proteins KLP1128 and Hydin,129 the
molecular identities of these asymmetric axonemal
densities are currently unknown.3D Structure of IFT Trains In Situ
IFT, the bidirectional movement of macromole-
cules along the cilium, was discovered in 1993 by
Kozminski et al. by differential interference contrast
(DIC) imaging of ﬂagella from live immobilized C.
reinhardtii cells. Granule particles, large enough to be
seen by light microscopy, were observed to move
underneath the ﬂagellar membrane at velocities of
about 2–3 μm/s.9,130 Although the ﬁrst observation
of IFT particles by EM is usually attributed to
Ringo,131 it was not until the seminal work by
Kozminski was published that the signiﬁcance of
this observation was realized.9,11 2D EM studies
revealed IFT particles as electron‐dense material
spanning the ~30‐nm space between the outer
axoneme MTs and the ﬂagellar membrane.9 The
IFT particles are organized into so-called IFT trains(previously called IFT rafts) with variable lengths in
the range of hundreds of nanometers.9 An appeal-
ing idea at the time was that molecular motors
power IFT, moving material such as ﬂagellar
precursors along the axonemal MT tracks. The
involvement of motors in IFT was proven by
showing that IFT does not occur in the tempera-
ture-sensitive ﬂa10mutant (FLA10 encodes a kinesin
2 motor domain) at the restrictive temperature.11
Furthermore, this study correlated IFT observed by
light microscopy with the electron‐dense material
seen in electron micrographs by imaging the same C.
reinhardtii cells by DIC and EM.11 As kinesin 2 walks
towards the plus ends of MTs, it serves as the
anterograde IFT motor.132 It was later proven that
cytoplasmic dynein 2/1b is the motor that powers
retrograde transport from the ﬂagellar tip back to
the cell body.13,14,133 The fact that IFT particles
disappear in the ﬂa10 mutant at the restrictive
temperature facilitated the biochemical isolation of
a large 16–17S protein complex that corresponds to
the IFT particles.10,134,135 Further evidence that the
electron‐dense material observed by EM indeed
contains IFT proteins was provided by an EM
experiment using immunogold-labeled polyclonal
antibodies raised against IFT46. 136 This study
demonstrated that IFT46 is present in IFT particles
all along the length of the ﬂagellum, as expected for
a protein traveling between the ﬂagellar base and
tip. In addition, direct observations of green
ﬂuorescent protein fusion proteins have shown
that KAP (a subunit of kinesin 2), IFT27, and IFT20
undergo ﬂagellar transport with similar kinetics to
DIC-measured IFT.137–140
Until recently, 2D EM and biochemical studies
provided the only information on IFT particle
organization.10,134,141–145 Although 2D EM revealed
the overall dimensions of the IFT trains and
suggested an ordered repeat structure within the
trains, ultimately high-resolution 3D information is
needed for a detailed understanding of how the ~20
IFT proteins assemble into large complexes that
facilitate IFT. 3D information is also required to
elucidate the molecular basis for the interactions of
IFT particle components with ciliary motors and
cargoes. The ﬁrst and so far only 3D structure of IFT
particles in situ was published by Pigino et al. in
2009.38 To obtain longitudinal sections of C.
reinhardtii ﬂagella, live WT and mutant cells were
placed on glass coverslips, where the cells adhere to
the solid surface and start a gliding movement with
both ﬂagella stretched out along their entire length.
Cells treated this way were then chemically ﬁxed,
ﬂat-embedded, thin and thick sectioned by ultrami-
crotomy, and imaged using ET to reconstruct
volumes of the ﬂagella containing IFT particles.38,146
The authors ﬁrst carried out a careful 2D study to
classify several hundred IFT trains by size and
ultrastructure. IFT trains fall into two distinct
Fig. 4. EM structure of IFT trains
in situ. Electron tomographic recon-
struction of IFT trains using sub-
tomographic averaging. The center
image shows an IFT train (red)
sandwiched between the ﬂagellar
membrane (gray) and an MT dou-
blet (yellow). The top image is a 90°
rotation (as indicated by the arrow)
with the membrane removed. ‘X’
denotes points of contact between
the IFT particles and the ﬂagellar
membrane. The bottom image is a
90° rotation (as indicated by the
arrow) with the MT removed. ‘k?’
denotes points of contact between
the MT and the IFT particles and
may represent kinesin motors.
From this image, it is clear that
IFT trains are composed of strings
of IFT particle dimers rather than
monomers.
173Review: Structural Studies of Ciliary Componentscategories, one of longer (700 nm±244 nm) but less
electron‐dense material and one of shorter (251 nm±
45 nm) but denser material. The longer trains show
an intrinsic repeat of about 40 nm, whereas the
shorter trains appear to have a 16‐nm repeat unit. To
investigate what these different classes of IFT trains
correspond to, the authors examined the ﬂa14mutant (LC8 dynein light‐chain deletion) that
disrupts retrograde but not anterograde IFT.133 In
ﬂa14 ﬂagella, the longer IFT trains were still
observed but the shorter trains were absent, leading
to the conclusion that the longer trains represent
anterograde IFT material and the shorter trains
represent retrograde IFT material.38 Although this
174 Review: Structural Studies of Ciliary Componentsinterpretation is certainly plausible, the authors also
offer the alternative explanation that the different
train sizes and periodicities could represent different
degrees of cargo loading.38 In a separate study
published alongside the Pigino et al. paper, total
internal reﬂection ﬂuorescence microscopy was
used to observe ﬂuorescently labeled anterograde
IFT components in regenerating C. reinhardtii
ﬂagella.139 This experiment revealed that IFT train
size is inversely proportional to the length of the
ﬂagellum, with short rapidly growing ﬂagella
containing the longest trains. This ﬁnding is
consistent with the observation by Pigino et al. that
the short swollen ﬂagella of ﬂa14 cells contain
mostly longer IFT trains, but it suggests that IFT
train length may be inﬂuenced by the state or length
of the ﬂagellum. Additional experiments are cur-
rently being performed to provide conclusive
evidence of the functions of short versus long IFT
trains (P. Lupetti, personal communication).
Expanding the study to different ﬂagellar mutants
may cast more light on these issues.
In addition to the extensive 2D EM analysis of IFT
material, Pigino et al. also reconstructed 3D volumes
using ET. In these reconstructions, the repetitive
arrangement of the IFT particles was leveraged for
averaging procedures to improve the resolution of the
resulting map. The 3D reconstruction of IFT particles
revealed direct contacts to the axoneme MT doublets
and the ﬂagellar membrane along each IFT particle
(Fig. 4). As previously observed by 2D EM,9,26,27
contact with the MT doublet appears to occur via the
B-tubule, with no discernible contacts to theA-tubule.
The densities connecting IFT trains to the axonemal
doublet have features that suggest that they could be
anterograde kinesin 2 motors (marked with a ‘k?’ in
Fig. 4), although this remains to be proven either by
immuno-EM labeling or by comparative 3D recon-
structions of IFT trains using mutants of IFT motor
domains. The contacts to the ciliary membrane are
extensive, consistent with the evidence that ciliary
membrane proteins are transported by IFT.28,147–151
As expected from the 2D EM images of long IFT
trains, individual IFT particles (with diameters of
30–40 nm) contact each other along the length of the
ﬂagellum to form strings of particles (see Figs. 4 and
1a for schematics). Interestingly, the reconstructions
reveal that the repeating units of IFT trains are
actually pairs of particles that contact each other not
only along the long axis of the axoneme but also along
an axis perpendicular to the axoneme, as well as by
oblique links (see Fig. 4). In addition to the EM
reconstructions of longer, likely anterograde, IFT
trains from ﬂa14 mutant ﬂagella, ET reconstructions
were also carried out for shorter trains fromwild‐type
ﬂagella, potentially representing retrograde IFT
material.38,82,83 However, the individual particles
from this reconstruction were not similar enough to
allow for subtomogram averaging, and thus morework is required to reveal the detailed structure of the
shorter IFT trains.
Although the work by Pigino et al. represents a
major step forward in our structural understanding
of IFT particles, it is clear that further progress is
needed both on in situ IFT trains and on puriﬁed IFT
components to elucidate the molecular interactions
and mechanisms of the IFT machinery. For example,
it is currently not known which parts of the
reconstructed volumes represent IFT polypeptides,
ciliary cargoes, and molecular motors.38,93 Ultimate-
ly, higher‐resolution studies of puriﬁed IFT com-
plexes using X-ray crystallography, NMR, and
single‐particle cryo-EM methods will be required
to obtain atomic models.
Towards Atomic Models of IFT
Complexes
The ﬁrst biochemical characterizations of IFT
complexes from C. reinhardtii were reported
~15 years ago and showed that IFT material
puriﬁes as two loosely associated subcomplexes,
referred to as IFT-A (6 subunits) and IFT-B (14
subunits). 10,94,95,134,135 Subsequent biochemical
work demonstrated that the IFT-B complex has a
salt stable core96,97,141 that consists of nine members
(IFT22, IFT25, IFT27, IFT46, IFT52, IFT70, IFT74,
IFT81, and IFT88).152 Of the 20 identiﬁed IFT
subunits, high-resolution structures are only avail-
able for IFT25 (also known as C1orf41, Hsp16.2, or
FAP232) and IFT27.153,154 IFT25 and IFT27 interact
with each other and, curiously, are not conserved in
Drosophila melanogaster and C. elegans, suggesting
that their functions are not essential for IFT.155–157
Consistent with this idea, the recent analysis of an
IFT25 null mouse revealed that IFT25 is not needed
for ciliogenesis but is required for proper hedgehog
signaling, an important developmental pathway
that is mediated by the cilium in mammals.158
Interestingly, Western blots of cells from the IFT25
null mouse did not detect IFT27 (other IFT proteins
were unaffected), indicating that IFT27 is degraded
in the absence of IFT25.158 These observations
support the notion that IFT25/27 functions as a
complex and performs a specialized function in the
hedgehog signaling of mammalian cilia. However,
the fact that IFT25/27 is conserved in unicellular
organisms such as C. reinhardtii, where hedgehog
signaling does not occur, indicates that additional
functions for IFT25/27 remain to be identiﬁed.
The structure of IFT25 was determined by both
NMR and X-ray crystallography (1.6 Å resolution)
as part of a high-throughput project by the
Northeast Structural Genomics Consortium.153 It
revealed a jelly-roll fold and an overall structural
similarity to the galactose-binding domain of siali-
dases. However, it is clear from the structure that the
Fig. 5. Crystal structure of the IFT25/27 complex.
Crystal structure at 2.6 Å resolution of the IFT25/27
complex from C. reinhardtii. IFT25 (purple) binds one
divalent calcium ion (shown as an orange ball), and IFT27
(cyan) is a GTPase with the putative GTP-binding pocket
indicated with the black circle. The GTP-binding site is
located far from the IFT25/27 interface, indicating that
IFT25 likely does not inﬂuence the GTP binding or GTPase
activity of IFT27 directly.
175Review: Structural Studies of Ciliary Componentsspeciﬁc site responsible for galactose binding in
sialidases is not conserved in IFT25. The IFT25
structure also revealed a bound calcium ion coordi-
nated by conserved residues located in a loop
region, although the functional implications of
calcium binding, if any, are currently unknown. A
molecular structure is also available for the C.
reinhardtii IFT25/27 complex (Fig. 5; 2.6 Å resolu-
tion), which shows how IFT25 and IFT27 interact to
form a stable complex.154 In contrast to IFT25, which
is highly soluble and can easily be puriﬁed in large
quantities, IFT27 is insoluble (both human and C.
reinhardtii proteins tested).154 However, C. reinhard-
tii IFT27 is solubilized when co-expressed with its
binding partner IFT25, allowing for the structure
determination of the complex. The structure of
IFT25/27 shows that IFT27 adopts the fold of
small GTPases and is most similar to structures of
the Rab family of GTPases involved in membrane
trafﬁcking.85–87,137,159 Biochemical analysis of the
IFT25/27 complex revealed low but detectable
GTPase activity, indicating that an unidentiﬁed
activator could be required for robust GTP
turnover.88,154 Furthermore, the IFT25/27 complex
was shown to bind GDP and GTP nucleotides with
relatively low afﬁnity (20–40 μM), signiﬁcantly
weaker than what is typically observed for small
GTPases (picomolar to nanomolar afﬁnity), suggest-
ing that IFT27 may not require an exchange factor to
replace GDPwith GTP.154 Currently, no effectors for
IFT27 have been identiﬁed and it is not known if a
particular nucleotide state is needed to assemble
higher‐order IFT complexes containing IFT27.
A complete structural understanding of IFT will
require an integrated approach utilizing different
structural techniques. Cellular ET will be essential in
imaging the 3D structures of IFT particles in situ, asalready demonstrated by Pigino et al.38 However, in
the near future, this approach is unlikely to deliver
the resolution needed to model individual IFT
polypeptides. Fortunately, recent advances in re-
combinant production and puriﬁcation of larger IFT
complexes have made it possible to determine these
structures using X-ray crystallography and cryo-
EM.145 Single‐particle cryo-EM has proven to be a
valuable technique for determining structures of
large macromolecular complexes. Given the high
molecular weight of IFT complexes, which sediment
at ~16–17S,10 it is feasible to obtain structural
insights into the architecture of IFT complexes via
cryo-EM. In combination with high-resolution
structures such as the crystal structure of IFT25/
27, this approach could produce atomic models for
larger IFT assemblies. Such atomic models of larger
IFT complexes might then in turn be modeled into
densities from cellular ET reconstructions, yielding
atomic models for IFT trains in situ.
It is still early days for structural studies of IFT, and
no structural information is currently available for
most of the involved factors. Structural biology
methods will likely be important not only in
outlining the architecture of IFT complexes but also
in revealing the molecular basis for their interaction
with IFT motors and ciliary cargoes. Such studies
will signiﬁcantly broaden our understanding of IFT
at the molecular level, which in turn will undoubt-
edly inspire new cell biological experiments.Acknowledgements
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